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The investigation of fast processes of peptide and protein
folding has received increasing attention in the last years,
driven by the development of new experimental approaches
that make it possible to go beyond the millisecond time res-
olution of standard stopped-flow or rapid mixing techniques.
The new methods allow the direct observation of important
first steps such as hydrophobic collapse or secondary struc-
ture formation during the transition from the disordered poly-
peptide to the functional protein. However, most of these

Introduction

The question of how peptides or proteins fold to produce
their unique and highly organised functional three-dimen-
sional structures is one of the most challenging questions
currently being investigated in biological research. An un-
folded polypeptide with a specific primary sequence of am-
ino acids folds into a well-defined three-dimensional struc-
ture, which is the basis of the biological or catalytic func-
tion of the folded protein or peptide. At least for small pro-
teins, this process is fully reversible and does not rely on
external assistance.[1] Therefore, the native structure is ex-
pected to correspond to the conformation of lowest Gibbs
free energy and should be determined solely by the amino
acid sequence along the polypeptide backbone (‘‘thermo-
dynamic hypothesis’’[1]). In recent years, there has been an
increasing interest in the prediction of protein structure
from the primary sequence,[2] boosted in particular by the
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techniques are limited to a very narrow range of proteins or
have other experimental restrictions and shortcomings. This
review, after an overview and discussion of previously em-
ployed methods, describes a novel fast optical trigger for pro-
tein folding. This optical trigger has the potential to be used
in the study of a wide variety of proteins and peptides with-
out any of the restrictions of previous approaches. In an initial
application of this technique, α-helix folding in short peptides
was investigated.

growing field of rational design of new peptides[3] with
highly interesting new medical or industrial applications
and more recently by the availability of the complete hu-
man genome.

The investigation of the dynamic aspects of the folding
process is important for elucidation of the detailed mechan-
ism(s) by which protein folding proceeds. As originally
pointed out by Levinthal, a purely random search of all
possible conformations of a protein would not be able to
find the native structure on physiological timescales,[4] and
protein folding must therefore be a highly directed process.
Several partly conflicting models have been proposed to de-
scribe this process and the underlying mechanism directing
it towards the native structure. These include the framework
or diffusion-collision model,[527] the hydrophobic collapse
model[8210] and the nucleation-condensation model[11,12]

(see Figure 1). Only more detailed experimental informa-
tion on the nature of the earliest steps of protein folding
will allow us to distinguish between these models. A com-
parison of the timescales for the initial collapse of an ex-
tended unfolded polypeptide and for the formation of sec-
ondary structure, for example, would be an important step
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Figure 1. Schematic (and highly simplified) illustration of different
models for protein folding. Thick lines indicate disordered polypep-
tide, columns represent peptide segments with well-defined second-
ary structure, such as α-helices. In the framework model, some pep-
tide segments adopt their native secondary structure before being
packed together to form the final three-dimensional protein; the
initially formed segments with secondary structures are assumed to
be stable, as shown here. In the closely related diffusion-collision
model (not shown) segments with secondary structure are thought
to diffuse together in the same way; in this model, however, the
segments with secondary structure are highly unstable and are pre-
sent in the unfolded peptide with only low probabilities, stabilising
each other only when coming into contact. The nucleation-con-
densation model assumes the rate-limiting step to be the formation
of a small nucleus of the final structure, which provides a template
for fast folding of the rest of the protein. The hydrophobic collapse
model suggests a fast collapse of the unfolded protein, driven by
the hydrophobic effect, resulting in a more or less disordered com-
pact state with hydrophobic residues in the inside and hydrophilic
residues on the outside; secondary structure and tertiary contacts
are then formed within this compact aggregate on a shorter time-
scale.

towards the distinction between framework and hydro-
phobic collapse model.

On the other hand, dynamic aspects of protein folding
are also of great relevance in the context of the prediction
of the final structure of rationally designed proteins or pep-
tides. Both natural proteins and designed peptides will only
adopt the anticipated (lowest free-energy) structure on a
reasonable timescale if there is an efficient folding pathway
guiding the polypeptide towards this structure and avoiding
the accumulation of metastable nonfunctional folds or
traps. Of particular (although not exclusive) concern here
are disulfide cross-links between cysteines, which can result
in stable kinetic traps. The formation of nonnative disulfide
bonds or the stabilisation of a nonnative fold by a prema-
turely formed native disulfide bond may inhibit 2 or at
least significantly retard 2 the folding to the native struc-
ture, as exemplified by the complex oxidative folding path-
way of bovine pancreatic trypsin inhibitor (BPTI).[7,13] On
the other hand, disulfide bonds can only be formed if the
motion of the polypeptide backbone brings two cysteine
groups into close contact during the early folding stages.
Thus, a detailed understanding of the interplay between
peptide backbone folding and disulfide bond formation is
important for the correct prediction of the folding pathway
of any natural or designed protein. In the long term, it may
even become possible to implement an efficient folding
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pathway in the peptide design, possibly making use of some
of nature’s tricks, such as the prosequences that enhance the
folding dynamics of BPTI[14] or subtilisin.[15]

Dynamic aspects of protein folding, and of secondary
structure formation in particular, may also be important for
elucidation of the molecular mechanisms behind conditions
such as the amyloid diseases (including Alzheimer’s and the
prion diseases). These diseases are characterised by a
change in protein conformation, typically involving major
secondary structural changes that result in pathological de-
posits in the infected cells.[16]

It is often assumed that the initial rapid phase of protein
folding, the collapse from the fully unfolded polypeptide to
a more compact form, involves the formation of secondary
structural elements such as α-helices, β-strands or β-turns,
thus significantly narrowing the conformational space that
the protein has to explore in the search for the lowest free-
energy state.[6,7,9,12,17] Regions with secondary structure
may then act as nucleation sites for the further collapse to
the final native state. In many cases, the formation of native
structural elements has been observed to occur during a
‘‘burst phase’’ within the dead time of the measurement, on
timescales of less than a millisecond after the initiation of
protein folding.[18] Theoretical studies have also suggested
fast folding times. Thus, α-helix formation was predicted to
occur on the 10-ns timescale by combining the
Zimm2Bragg model[19] and explicit simulations of the ther-
modynamic barrier associated with helix initiation and pro-
pagation.[20] Molecular dynamics simulations have sug-
gested protein conformational changes on the timescale of
picoseconds and nanoseconds.[21] These timescales are
much too short for most of the experimental investigations
performed to date, which were based on rapid-mixing or
stopped-flow techniques. In these experiments the protein
is prepared under unfolding solution conditions (such as
high concentrations of denaturants or unfavourable pH
values). The folding process is then induced by a sudden
change in these conditions, brought about by rapid mixing
with other suitable solutions. The time resolution of such
methods is limited by the time required for efficient mixing,
which in standard setups is of the order of milliseconds and
which even with highly sophisticated techniques could not
be reduced to below 40 µs.[22224] Clearly, more specialised
techniques are needed for initiation (‘‘triggering’’) of the
fastest processes of protein folding and secondary struc-
ture formation.

This review discusses experimental approaches for the in-
vestigation of early protein-folding processes. It is divided
into three parts: (i) a short summary of the techniques used
for observing fast peptide and protein folding processes; (ii)
an overview of methods used previously for triggering the
folding of peptides or proteins on short timescales; and (iii)
a description of a recently developed novel optical trigger
mechanism, based on a synthetic amino acid which is used
for the formation of a structure-distorting aryl disulfide
cross-link; this aryl disulfide bond can be broken by ul-
trafast photodissociation, which allows one to start the
folding process on the subpicosecond timescale.
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It will be seen that in recent years some innovative ap-

proaches have been very successful in providing initial in-
sights into the fastest processes of peptide and protein fold-
ing. However, most of the techniques for initiating folding
on the short timescales available at present are restricted to
particular proteins or can only be applied under certain (of-
ten nonphysiological) conditions; so new approaches need
to be developed. Most probably, significant progress in this
field will only be achieved by concerted efforts from a broad
range of disciplines. These need to include not only the bio-
logists and biophysicists who have traditionally worked on
the problem of protein folding, but the example of the disul-
fide bond photo trigger mechanism clearly shows, organic
chemists can also make significant contributions to the field
of protein folding, and their help with tackling this ‘‘old’’
problem is urgently needed.

Techniques for the Observation of Fast Folding
Processes in Real-Time

A number of experimental approaches are available for
the real-time observation of peptide or protein folding pro-
cesses on short timescales (nanoseconds or shorter). Some
of these methods monitor highly localised structural
changes, whereas others are better suited for the observa-
tion of global folding dynamics or overall secondary struc-
tural changes. Different techniques can thus yield comple-
mentary information and the simultaneous use of several
techniques often significantly enhances the conclusions
which can be drawn from a particular experiment.

Absorbance

The absorbance bands of prosthetic groups are usually
sensitive to local environmental changes. The transfer of a
chromophore from the polar aqueous solution into the
nonpolar protein interior is expected to shift the position of
its absorbance bands, as are protein rearrangements which
change the chromophore’s proximity to specific (e.g. polar)
amino acid residues. One prominent example is the ab-
sorbance of the cofactor of heme proteins in the Soret
(4002420 nm) or visible region, which has been widely used
to follow the collapse of such proteins from the unfolded
structure and to monitor more specific ligand-binding pro-
cesses during the formation of the final structure.[25233]

Fluorescence Methods

Fluorescence methods can provide a wide range of pro-
tein structural and dynamic information, depending on the
nature of the fluorophore, the presence of fluorescence
quenchers and the particular fluorescence property being
measured (such as yield, lifetime, anisotropy or spectral
characteristics).[34] Particularly useful for fluorescence stud-
ies on proteins are their aromatic amino acid residues,
which function as intrinsic probes, avoiding any distortion
of the protein. Alternatively, extrinsic fluorescence probes
can be bound to the peptide covalently or attached nonco-
valently.
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Fluorescence methods can be used to observe both local
and global structural changes on short timescales. Spectral
characteristics, in particular the wavelength of the fluores-
cence maximum, are highly sensitive to the fluorophore’s
surroundings. Like absorbance bands, the fluorescence
spectrum will shift upon folding from the random con-
formation, which exposes the probe to the polar aqueous
solvent, to a more compact structure with the probe buried
inside the hydrophobic protein core. Such spectrally re-
solved and integrated measurements have been used to ob-
serve protein collapse dynamics and to draw conclusions
about the solvent exposure of tryptophan in different kin-
etic intermediates during protein folding.[35,36]

Fluorescence quenching, measured either by the overall
fluorescence yield or by time-resolved observation of the
fluorescence decay after a short laser flash, can yield even
more detailed information. Again, experiments of this type
can be designed to observe either global or local structural
changes. Addition of an extrinsic fluorescence quencher
that cannot access the fluorophore when it is buried inside
the folded protein, for example, can yield information on
global folding or collapse dynamics.[37,38] On the other
hand, the fluorescence of an energy donor D can be
quenched by an energy acceptor A by distance-dependent,
nonradiative excitation energy transfer.[39] Time-resolved
observation of the fluorescence yield or fluorescence life-
time gives direct information on the time dependence of the
distance between D and A and thus information on the
relative motion of different parts of the protein (see Fig-
ure 2). Like the fluorophore itself, the energy acceptor may
be an extrinsic or intrinsic chromophore. In particular, the
quenching of tryptophan fluorescence by the heme cofactor
or other amino acid residues has been widely used in in-
vestigations of heme protein folding on short
timescales.[22,24,37,40245] On the other hand, covalently
bound fluorophores or fluorescence quenchers have been
used to observe fast folding dynamics of proteins[29,46] and
synthetic peptides.[47,48]

Figure 2. Schematic illustration showing how, in a folded protein,
the fluorescence of energy donor D can be quenched by a suitably
positioned energy acceptor A by nonradiative energy transfer
(EnT), whereas the distance between D and A is too large for effici-
ent quenching for most conformations of the unfolded protein.

Infrared Absorbance

A generally applicable method for observing secondary
structural changes in proteins and peptides is provided by
infrared spectroscopy. The peptide amide I mode near 1650
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cm21, which mainly involves the C5O stretch vibration of
the peptide backbone, is a sensitive indicator of secondary
structure.[49] Upon secondary structure formation, its fre-
quency is shifted by hydrogen bonding and transition dipole
coupling, both of which depend on the relative geometry of
the peptide groups.[50] Figure 3A shows that the amide I9
band[51] of a short α-helical peptide shifts to higher frequen-
cies when the temperature is raised, causing the melting of
the helix; i.e., the transition from an α-helical to a random
coil structure. The existence of an isosbestic point at 1648
cm21 and the shape of the difference spectra in Figure 3B
show that this shift is not the product of a gradual temper-
ature-induced shift, but of the changing relative contribu-
tions from two distinct absorbance bands: one at 1633
cm21, which dominates at low temperatures and is attribut-
able to the α-helical structure, and one at 1658 cm21, which
is more pronounced at higher temperatures and is attribut-
able to the unfolded random coil.[52,53] Shifts of the amide
I band have been used by several authors for observing fast
folding or unfolding reactions in proteins[54258] and de novo
peptides.[52,56,59] Recent progress in the field of ultrafast
laser technology[60] has extended the timescale of infrared
measurements into the femtosecond time domain, so that
even the fastest conformational changes are observable in
real-time.

Figure 3. (A) Temperature-dependent FTIR spectra of peptide 5,
corrected for D2O background absorbance at each temperature.
The absorbance around 1675 cm21 originates from the TFA coun-
ter-ion present in the solution. (B) Difference spectra, calculated by
subtraction of the spectrum at 62 °C from each spectrum. Peptide
concentration approximately 10 m in D2O, path length 56 µm.

Time-resolved amide I band IR measurements yield re-
sults relating to changes in the overall secondary structure
content of peptides or proteins, since all peptide bonds con-
tribute equally to the signal. Local probing (at residue level)
can be achieved with the aid of isotopic labelling, such as
the replacement of 12C5O by 13C5O, which shifts the
amide I band by approx. 40 cm21. Although this method
has been used for the selective determination of the stability
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of different parts of an α-helical peptide,[53] it has not yet
been used for time-resolved measurements.

Circular Dichroism
Secondary structural changes can also be observed by

circular dichroism (CD) spectroscopy, which is based on the
differential absorption of left- and right-circularly polarised
light by a chiral chromophore. Non-time-resolved CD
measurements of the amide group absorption in the
1902230-nm region have been widely used for the deter-
mination of protein and peptide secondary structures.[61]

Nanosecond time-resolved CD measurements are technic-
ally challenging, but have been performed to obtain dy-
namic information on secondary structure formation in
heme proteins,[30,62] complementing information on ligand
binding processes observed by heme absorbance measure-
ments.

Resonance Raman Scattering
Although not yet widely used for fast protein folding

studies, resonance Raman techniques have the potential to
observe overall secondary structure[63] (similarly to IR ab-
sorption) or local structural changes, depending on the
chromophore under investigation (such as amide groups,
aromatic side-chains or protein cofactors). Resonance Ra-
man measurements have been used to determine the heme
ligands in different folding intermediates of heme proteins
and to provide information on the development of native
tertiary structure around the heme.[23,45,64,65] In a recent in-
vestigation, resonance Raman scattering was used to follow
the unfolding of a short α-helical peptide.[66]

Other Techniques
A variety of other, more specialised techniques have been

shown to be useful for the investigation of particular fast
protein folding processes. Magnetic circular dichroism
(MCD) spectroscopy, in which optical activity is induced by
the application of an external magnetic field, is particularly
sensitive to the disturbance of the electronic states of a
chromophore by the surrounding structure,[67] and has been
used to study ligand-formation processes during the folding
of cytochrome c.[68] The EPR signals of spin labels, which
can be selectively attached to specific protein sites, depend
on their tumbling mobility and so change upon the forma-
tion of a more compact structure. This effect has been used
to measure cytochrome c folding kinetics on the 100-µs ti-
mescale.[69] Small-angle X-ray scattering experiments have
been performed on cytochrome c to yield the radius of
gyration of a folding intermediate on the 100-µs times-
cale.[70] Finally, protein volume changes upon unfolding of
apomyoglobin have been observed to occur on the timescale
of a few microseconds by time-resolved photoacoustic de-
tection.[71]

Previously Used Methods for Fast Initiation of
Peptide or Protein Folding

For the direct observation of any process on a short time-
scale, it is necessary to be able to start the process fast
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enough; that is, within the desired time resolution. The
standard methods for the initiation of protein folding or
unfolding are based on rapid-mixing techniques, in which
solution conditions, such as denaturant concentration or
pH, are rapidly changed from unfavourable for folding to
favourable (or vice versa) by mixing with other suitable so-
lutions. Because of the finite mixing time of standard rapid
mixing setups, such experiments are normally restricted to
observing processes on millisecond, or longer, timescales.

Since most of the techniques for observing protein fold-
ing can be used on short timescales, the greatest handicap
for extending protein folding experiments to shorter time-
scales is the need to start the folding reaction on the time-
scale of interest. Only in the last few years have new experi-
mental approaches (reviewed in refs.[72275]) made it possible
to trigger protein folding on short timescales (arbitrarily de-
fined here as shorter than that of standard rapid-mixing or
stopped-flow techniques, and thus shorter than 1 ms), so
permitting the direct observation of fast processes in the
‘‘burst-phase’’ of protein folding.

Relaxation Methods

Relaxation methods, such as dielectric relaxation and ul-
trasonic attenuation, were employed very early on to study
the helix2coil transition of α-helical homopolymers,
yielding relaxation times in the range of 10 ns to 10 µs.[76]

More recently, ultrasonic velocimetry has indicated con-
formational relaxations occurring in less than 500 ns in the
acidic molten globule of α-lactalbumin.[77] However, none
of these experiments give direct structural information and
they only allow very indirect conclusions on folding dy-
namics to be made.

The timescale of intrapeptide contact formation, which is
one of the elementary steps of protein folding, has been
investigated by triplet energy transfer between chromo-
phores attached to opposite ends of short peptides with
purely random coil structure.[78] In these equilibrium ex-
periments, the triplet state of one chromophore is quenched
upon contact formation with the chromophore at the other
peptide end. The lifetime of the triplet state is thus a meas-
ure of the contact formation time, which was observed to
be in the range of 102100 ns, depending on the length of
the peptide chain.

Rapid-Mixing Techniques

Rapid mixing provides a generally applicable method for
triggering protein-folding reactions by the rapid reduction
of the concentration of denaturants, such as guanidine hy-
drochloride (GuHCl) or urea, or by a sudden change in the
pH of the solution to a value more favourable for the folded
protein. This technique has been widely used for the investi-
gation of protein-folding dynamics, but until recently was
limited to the timescale of milliseconds because of the dead
time of standard rapid-mixing setups. Only in the last few
years have continuous-flow mixers with mixing times as
short as 40 µs been developed with the aim of observing
faster protein-folding processes.[22224]
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The folding and unfolding of horse cytochrome c after
rapid mixing has been investigated in detail, making use of
fluorescence detection,[22,24,42,43] resonance Raman scat-
tering[23,45,64,65] and CD measurements.[79] Upon folding,
the heme cofactor gets sufficiently close to the sole trypto-
phan of cytochrome c to quench its fluorescence efficiently.
The tryptophan fluorescence yield was found to decay in
several phases during the transition from the denatured to
the native state. All of the phases could be resolved, includ-
ing a fast decay 2 taking place exponentially with a time
constant of 57 µs 2 during the initial collapse from the
expanded conformation to a more compact state. The ob-
servation of exponential kinetics was taken to indicate that
the first large-scale motion during the folding of
cytochrome c represents a one-step formation of a compact
state across a rate-limiting barrier, corresponding to a three-
state folding model. CD measurements showed this com-
pact state to have a maximum of 20% of the native helix
content. From this compact state, the protein folds into a
more native-like state (with the native methionine heme li-
gand and about 70% of the native helical content) on the
timescale of 4002600 µs, provided that the heme is not
blocked by nonnative histidine; otherwise dissociation of
the histidine on the 102100-ms timescale becomes rate-lim-
iting.

Only a few other proteins have been investigated by ul-
trafast rapid mixing, none of them in as much detail as
horse cytochrome c. Kinetics similar to those in horse
cytochrome c have been observed after rapid denaturant di-
lution for the refolding of yeast cytochrome c, using the
EPR signal of a cysteine-specific spin label.[69] Folding and
unfolding kinetics of apomyoglobin have been induced by
rapid mixing and monitored by tryptophan fluorescence
measurements, revealing two distinct intermediate states
and folding/unfolding time constants as short as 200 µs.[36]

These results, obtained with highly sophisticated continu-
ous-flow rapid mixers, constitute a major breakthrough in
the investigation of fast protein-folding processes. However,
processes faster than several 10 µs are not at present observ-
able by rapid-mixing techniques. Furthermore, continuous-
flow mixing setups necessitate the use of large quantities
of sample and thus their application will remain limited to
proteins that can be easily prepared in high yields.

Photochemical Methods

The folding of cytochromes under strongly denaturing
solvent conditions can be induced by fast photochemical
trigger events, such as photodissociation of carbon monox-
ide from the heme cofactor[25] or electron transfer to the
heme.[26] The first method is based on the fact that it is
possible to find denaturant concentrations at which reduced
cytochrome without a CO ligand remains folded, while the
same protein with a CO ligand is unfolded. Under these
conditions, fast photodissociation of CO 2 which can be
achieved on the picosecond timescale 2 initially creates an
unligated cytochrome in its unfolded form, and this then
relaxes to the more stable folded structure. In a similar
manner, reduced and oxidised cytochromes have signific-
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antly different folding stabilities; at certain denaturant con-
centrations cytochromes are unfolded in the oxidised state
while remaining folded in the reduced state. Electron trans-
fer to the oxidised unfolded cytochrome, which can be in-
duced by photoexcitation of a suitable sensitiser, then trig-
gers the refolding process. The timescale of initiation of pro-
tein folding by this method is limited by the electron trans-
fer time; with freely diffusing electron donors, reduction of
heme in less than 1 µs has been achieved.[26] Even shorter
timescales should be possible by covalently linking the sen-
sitiser to the protein.

Upon initiation of refolding of cytochrome c by CO pho-
todissociation, fast changes in the heme absorbance spec-
trum were observed,[25,28,30,80] and were interpreted as pep-
tide chain diffusion-limited[33,80] ligation of the heme, both
by the native methionine, with a rate of 1/(40 µs), and by
nonnative histidines, with a rate of 1/(400 µs), accompanied
by fast ligand-exchange processes. A different interpretation
of these data was suggested by time-resolved MCD meas-
urements,[68] which implied inhomogeneous heme ligation
by the methionine with a time constant of 2 µs and by histi-
dines with a time constant of 50 µs in different conforma-
tional subpopulations of the unfolded protein, followed by
ligand exchange on a much longer timescale. Although
these fast ligand-binding processes constitute the first steps
towards the folded protein, they are not accompanied by a
significant collapse of the unfolded protein, possibly be-
cause of the high denaturant concentrations needed for un-
folding the CO-bound protein.[40] Similarly, heme ab-
sorbance spectra measured after the fast initiation of fold-
ing of reduced cytochrome c by electron transfer were inter-
preted as indicating ligand exchange processes on the
102100 ms timescale.[29,32,62] A covalently linked dansyl
moiety, the fluorescence of which is strongly quenched in
the folded state, was used to confirm that the overall folding
of reduced cytochrome c after electron transfer only occurs
over this slow timescale.[29,46] Time-resolved CD spectro-
scopy on reduced cytochrome c revealed that 10220% of
the native secondary structure is formed in the first few mic-
roseconds after CO photodissociation or electron transfer,
and that no further secondary structure formation takes
place on a timescale shorter than 102100 ms.[30,62] The dis-
tribution of this secondary structure over a possibly hetero-
geneous protein population could not be determined, but
the results are compatible with complete folding of a small
fraction of all proteins in a few microseconds, driven by fast
native ligand formation,[68] followed by the folding of the
majority of the proteins on the 102100-ms timescale. This
slow folding of the majority of the protein population is
probably due to the need to escape a semistable trap state,
which arises from the binding of a nonnative histidine to
the heme.

Electron-transfer-initiated protein folding has been em-
ployed for a limited number of investigations on other heme
proteins. For the four-helix-bundle protein cytochrome b562,
the formation of the fully folded structure was observed to
occur with time constants in the range of 500 µs to 3 ms at
GuHCl concentrations of 223 ; a value of 5 µs in the
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absence of denaturant was predicted by extrapolation.[27,31]

Deoxymyoglobin was found to fold with a time constant of
about 200 µs.[81]

Although ligand dissociation or electron transfer can
function as fast triggers of protein-folding processes on very
short timescales, and are almost ideal triggers for heme pro-
tein folding, their application is limited to these proteins
and cannot easily be extended to a wider range of samples.
Unfortunately, the folding dynamics of heme proteins seem
to be dominated by ligand formation and exchange pro-
cesses rather than by intrinsic polypeptide dynamics, which
limits the conclusions that can be drawn from such experi-
ments as far as the general protein folding problem is con-
cerned. Both techniques also require the presence of signi-
ficant amounts of denaturants, which are known to affect
the dynamics of protein folding significantly.[24,26,31,65]

A more generally applicable photochemical method for
the initiation of peptide or protein folding on a short times-
cale might be the use of photoinduced pH jumps, which
can be achieved on timescales as short as 100 ps by photo-
excitation of molecules with significantly different pKa

values in their ground and their excited states[82284] or by
the release of protons from photolabile caged com-
pounds.[71] To date, this method has been used only once
for the investigation of fast protein-folding processes. In this
study, nanosecond pH jumps were induced by the photoin-
duced release of caged protons, and fast conformational
changes of apomyoglobin during its transition from the nat-
ive (N) to the intermediate (I) state were followed on the
sub-microsecond timescale by time-resolved photoacoustic
detection.[71]

Fast Temperature Jumps

It is well known that proteins are stable only over a lim-
ited range of temperatures. Practically all proteins and pep-
tides lose their native structure upon heating above a certain
temperature, and several proteins are also known to unfold
at low temperatures (cold denaturation).[85] In many cases,
the loss of native structure is fully reversible and the protein
refolds spontaneously upon a return to physiological tem-
peratures. In a thermodynamic description, the protein en-
semble exists in an equilibrium between the folded structure
and unfolded conformations, and this equilibrium shifts
with temperature. This is demonstrated in Figure 3, which
shows changes in the relative contributions of α-helical and
random coil conformations of a short peptide, quantified
by their respective amide I9 absorption, with temperature.
For proteins, the folded2unfolded transition is often
cooperative; that is, the equilibrium shifts from completely
folded to completely unfolded over a few degrees. Shorter
peptides, on the other hand, usually feature a much broader
transition region, often ranging over several tens of
degrees,[52,86288] as can be seen in Figure 3.

A sudden increase in temperature (temperature jump) ini-
tially leaves the protein ensemble in a conformational distri-
bution that does not correspond to the equilibrium distri-
bution at the new temperature. Observation of the ensuing
relaxation towards the new thermal equilibrium allows the
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relevant folding dynamics to be determined.[89,90] For cold-
denatured proteins, a temperature increase will induce net
folding; otherwise the relaxation corresponds to an overall
unfolding of the protein. In both cases, if a simple two-
state model is assumed (only folded or unfolded proteins
present), the equilibrium relaxation time constant τrel is
given by (kf 1 ku)21, where kf and ku are the rate constants
for folding and unfolding, respectively. Thus, relaxation to-
wards the unfolded protein in fact contains the same in-
formation as relaxation towards the folded protein; the sep-
arate rate constants can be calculated from τrel and the equi-
librium constant K 5 kf/ku. Relaxation dynamics of more
complicated systems, which do not exhibit simple two-state
equilibrium behaviour, have to be analysed with more soph-
isticated models,[48] but once again, folding and unfolding
relaxation data in principle yield the same information.

The time resolution of temperature jump methods is lim-
ited by the time needed to achieve a homogeneous temper-
ature increase. Resistive heaters can produce a significant
temperature change within several microseconds;[89] dy-
namics on the nanosecond and even picosecond timescales
are accessible if short laser pulses are used for inducing the
temperature jump. For laser-induced temperature jumps in
aqueous solution, the laser pulse energy is absorbed either
by an inert dye, which undergoes fast internal conver-
sion,[54,91] or directly by the solvent.[92] Direct excitation of
weak overtone bands of H2O near 1.5 µm or D2O near 2
µm can nowadays be achieved routinely by Raman shifting
of Nd:YAG laser pulses[44,48,92] or by difference frequency
generation with dye laser pulses.[73] Vibrational relaxation
of the excited modes and energy flow from a dye to the
solvent occur on picosecond timescales in aqueous solu-
tion,[93] and thermal diffusion is fast enough to achieve spa-
tially uniform heating of the solvent in less than 100 ps.[54]

One of the major advantages of temperature jump
methods for the investigation of protein-folding processes,
distinguishing them from the fast photochemical methods
described above, is that protein folding can be observed un-
der native solvent conditions, since there is no need for the
addition of denaturants, which are known to affect folding
dynamics appreciably.[24,26,31,65] Furthermore, temperature-
jump methods rely only on temperature-induced unfolding
or folding and are thus applicable to a very broad range of
proteins and peptides.

Resistive heating, combined with sensitive tryptophan
fluorescence detection and Φ-value analysis,[94] has been
used to investigate the folding of cold-denatured barstar on
the microsecond to millisecond timescale.[35] An interme-
diate was found to be formed with a time constant of about
300 µs; this intermediate is characterised by substantial
folding of one of the four α-helices of the native structure,
but shows only minor burial of the hydrophobic side chains.
This fast phase is followed by a slower phase on the
102100-ms timescale, resulting in the formation of a native-
like structure.

The protein most extensively studied by fast laser-in-
duced temperature-jump experiments is apomyoglobin.[95]

The native structure of this protein consists of eight α-heli-
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ces, with helices A, G and H forming a particularly stable
compact core.[96] At low temperatures, apomyoglobin un-
dergoes cold denaturation, with only a small amount of re-
sidual native structure remaining.[97] Temperature jump ini-
tiated folding from this state has been followed by trypto-
phan fluorescence measurements.[37,41,44] Apomyoglobin
has two tryptophan residues, both of which are located on
helix A and which, in the native structure, are in close con-
tact with a methionine residue on the loop between helices
G and H. Upon formation of the compact AGH core, the
methionine quenches the tryptophan fluorescence. AGH
core formation times of 4217 µs were observed upon re-
folding from the cold-denatured state, with the exact value
depending on solvent viscosity, indicating diffusive behavi-
our. The formation of the AGH core is preceded by a faster
phase of fluorescence changes (time constant of 250 ns),
which was interpreted as arising from helix formation and/
or hydrophobic collapse.

In a complementary series of experiments on apomyoglo-
bin, IR absorbance measurements were used, providing de-
tailed information on secondary structural
changes.[55,56,73,98] These experiments did not observe the
refolding of cold-denatured apomyoglobin, but studied pro-
tein structural relaxations after temperature jumps near the
unfolding transition at elevated temperatures. Transitions of
‘‘native’’ helical structures 2 helices with native-like tertiary
contacts 2 and solvated helices, which are more exposed to
the solvent, were monitored separately. For solvated helices,
folding relaxation times of around 50 ns were found; these
times are similar to those observed for model α-helices (see
below). It was concluded that helical segments of real pro-
teins are formed early during folding from the fully dena-
tured state. Helices with native tertiary contacts, on the
other hand, displayed much slower relaxation behaviour.
This slower phase corresponds to formation/loss of tertiary
contacts, and occurs on a timescale (102100 µs) similar to
that of the formation of the AGH core after initiation of
folding from the cold-denatured state.

Laser-induced temperature-jump experiments have been
performed on a number of other proteins. In one of the first
studies in this field, the disruption of β-sheets in ribonucle-
ase A upon a temperature jump above the melting temper-
ature was observed to occur on the nanosecond timescale
after an initial induction period of 1 ns.[54] Cytochrome c
folding initiated from a partially cold-denatured state
yielded a fast quenching of the tryptophan fluorescence in
6 µs, indicating a fast collapse of the protein[44] similar to
that observed for reduced cytochrome c folding induced by
electron transfer or CO dissociation (see above). Transitions
from exponential to nonexponential folding/unfolding dy-
namics with increasing temperature were found for phos-
phoglycerate kinase, ubiquitin[38] and the major cold shock
protein of E. coli,[58] indicating multiple folding pathways
on the 102100 µs timescale. Finally, the structural trans-
ition from αII- to αI-helices in bacteriorhodopsin was found
to occur with a time constant of 65 ns.[57]

Temperature-jump experiments have also been used to
observe the relaxation dynamics of short de novo peptides.
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On the basis of temperature-jump experiments with IR[52,56]

and resonance Raman[66] detection, the overall folding of a
21-residue α-helical peptide was reported to occur on the
100-ns timescale. These data were complemented by fluor-
escence measurements on similar peptides, which were
modified with fluorescent labels for detection of the un-
folding of the peptide ends.[28,48] The combined results were
analysed with kinetic models[48] based on the standard stat-
istical mechanical description of the helix2coil equilib-
rium.[19,99] It was suggested that the nucleation of an α-helix
(that is, the formation of the first turn from the random
coil structure) occurs on the sub-microsecond timescale, fol-
lowed by propagation of the helix with a single step taking
less than 10 ns.[100] Similarly, the folding of a β-hairpin was
shown to occur on the timescale of a few microseconds[47]

and again the process could be described well by a statistical
mechanical model.[101]

A Novel Optical Trigger for Peptide and Protein
Folding

As the results summarised in the preceding section show,
many steps during the folding of a peptide or protein can
occur on the nanosecond or microsecond timescales. A
better understanding of protein folding, such as distinction
between the different models mentioned above, will only be
achieved once these fast steps can be investigated in detail.
The direct observation of such fast processes is only pos-
sible if they can be initiated on the timescale of interest. In
recent years, significant progress has been made in develop-
ing new methods for triggering protein folding on short
timescales. However, all of the experimental approaches dis-
cussed in the previous section have their limitations. Relaxa-
tion methods do not allow protein folding to be observed
in real-time and no direct structural information can be
gained, which complicates any analysis. Rapid-mixing tech-
niques are currently limited to the observation of processes
with time constants longer than approx. 30 µs, in spite of
the impressive improvement in time resolution that has
been achieved in the last years, and it is not obvious that
any major reduction of the dead time will be possible soon.
The application of photochemical protein-folding triggers,
such as ligand dissociation or electron transfer, is restricted
to only a few proteins (predominantly heme proteins) and
requires the presence of significant amounts of denaturants,
which are known to affect protein folding dynamics signific-
antly.[24,26,31,65] Finally, the most general method in use to-
day, initiation of protein structural relaxations by a temper-
ature jump, is limited to the induction of protein unfolding,
except for the few proteins that undergo cold denaturation
above the freezing point of water.

Thus, it would be highly desirable to develop more gener-
ally applicable trigger mechanisms for the initiation of pro-
tein folding on short timescales. Such trigger mechanisms
should satisfy the following requirements:

(i) Short timescale: Any trigger mechanism has to be fas-
ter than the processes to be studied. For the case of protein
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folding, this requires a trigger event that occurs on the na-
nosecond timescale or faster. Experimental approaches on
this timescale are almost exclusively based on photochem-
ical methods.

(ii) Wide applicability: It should be possible to use the
trigger for a wide range of protein and peptide structures.
For this purpose, it should be possible to incorporate any
chemical modifications by means of standard procedures
such as solid-state peptide synthesis.

(iii) Physiological conditions: Preferably, the trigger
should operate under native physiological conditions; that
is, in aqueous solution at room temperature without ex-
cesses of denaturants or other additives.

(iv) Reversibility: The phototriggering event should be re-
versible to allow for multiple excitations, allowing data aver-
aging for good signal-to-noise ratios.

One such general trigger mechanism, which was de-
veloped recently, is described in the following section.[59,88]

The basic idea is depicted schematically in Scheme 1: A
nonnative aryl disulfide cross-linking group provides
enough strain to force the peptide or protein into a nonnat-
ive, less ordered structure. Laser flash photolysis of the dis-
ulfide bond removes this constraint and so initiates folding
towards the native structure, which can be monitored by
the techniques described above, such as time-resolved IR
and CD spectroscopy or, provided that an appropriate chro-
mophore is present, UV/Vis absorbance and fluorescence.
Alternatively, the aryl disulfide bond might be used to sta-
bilise a peptide or protein under denaturing conditions, in
analogy to the stabilising function of cysteine disulfide
cross-links found in many proteins. In this case, photolysis
of the disulfide bond would initiate the unfolding reaction.
Aryl disulfide bonds are known to cleave in less than 100
ps after excitation by an ultra-short UV laser flash,[1022105]

thus providing a fast trigger for protein folding or un-
folding.

Scheme 1

To demonstrate the general utility of this approach, the
helix-coil dynamics of a de novo designed polyalanine pep-
tide, based on the helical peptide reported by Baldwin and
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co-workers,[106] was investigated. Aryl disulfide cross-link-
ing groups were incorporated to link the peptide ends, con-
straining the peptide in a cyclic, less helical conformation.
Photocleavage of the disulfide bond on the picosecond ti-
mescale removes this constraint, and the peptide begins to
fold into its native, more helical structure. This approach
allowed the earliest events of helix formation in short pep-
tides to be observed.

Peptide Design

The folding trigger mechanism in Scheme 1 requires the
synthesis of an appropriate amino acid containing an aryl-
thiol moiety, which should be suitable for solid-phase pep-
tide synthesis. Synthesis of a polypeptide containing two of
these amino acids at locations a significant distance apart
in the native structure and oxidation to form a disulfide
bond should then yield a peptide constrained in a nonnat-
ive conformation.

The synthesis of two cross-linking amino acids, (S)-49-
mercaptophenylalanine (thiotyrosine, 1) and 3-N-(49-mer-
captophenyl)-(S)-2,3-diaminopropionic acid (aminothio-
tyrosine, 2) (Scheme 2) in properly protected forms for use
in solid-phase peptide synthesis [Fmoc-1(4-MeBzl) and
Fmoc-2(4-MeBzl)] was described in detail in ref.[88] Protec-
tion of the thiol group was found to be provided best by a
methylbenzyl (MeBzl) moiety. Thiotyrosine 1 was syn-
thesised in four steps from -phenylalanine in 30% overall
yield, and aminothiotyrosine 2 in six steps, with an overall
yield of 40%.

Scheme 2

Peptides containing two cross-linking amino acids with
protected thiol groups were synthesised on PAL resin, using
standard Fmoc chemistry and the stepwise solid-phase
method. After peptide synthesis, the thiol-protecting MeBzl
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groups were removed with anhydrous hydrogen fluoride
containing anisole and the peptides were oxidised to the
cyclic, disulfide cross-linked peptides with DMSO as oxid-
ant. No protection of the β-amino group of 2 during pep-
tide synthesis was necessary.

Several peptides were synthesised (see Scheme 2). In pep-
tides 3 and 5, the peptide ends are cross-linked by thiotyros-
ine 1 and aminothiotyrosine 2, respectively, whereas in pep-
tide 4 the link was introduced between positions closer to-
gether along the peptide. In the latter peptide, the polypep-
tide ring formed upon cross-linking the thiol groups is even
smaller than in the former two, so that the constraint intro-
duced by cyclisation is even more restrictive and results in
even less residual helicity (see below).

The helicities of all three cyclic peptides, as well as those
of their unconstrained linear analogues (the same peptides
before thiol deprotection and oxidation) were assessed by
CD and IR spectroscopy.[88] All peptides showed CD spec-
tra typical of α-helical structures, although with quite dif-
ferent amplitudes. The linear peptides all showed significant
helicity at low temperatures (70280% at 1 °C) and a broad
melting transition upon heating, in agreement with previous
reports for linear polyalanine peptides.[106] Upon cyclis-
ation, however, a significant reduction in the CD signals
was observed, corresponding to a reduction of the helicity
by a factor of two upon cyclisation of 3 and 5 and by a
factor of approx. three for peptide 4, with the shorter cyclic
polypeptide chain. Similar conclusions were obtained from
FTIR spectra (see Figure 3). These results confirm that the
linear peptides are indeed highly helical and that the helicity
is significantly reduced in the cyclic peptides constrained
by disulfide bonds. Thus, as anticipated, photolysis of the
disulfide bond in peptides 325 should initiate the relaxa-
tion to a more helical conformation, triggering the peptide
folding process.

Photochemistry of Aryl Disulfide Cross-Linked Peptides

The idea of using aryl disulfide cross-links as fast triggers
for peptide and protein folding arose from reports of very
fast splitting of the disulfide bonds in model aryl disulfides
after absorption of UV laser flashes.[1022105] To test the con-
cept and to verify that the same process occurs for the aryl
disulfide peptide cross-links, transient absorbance measure-
ments with femtosecond time resolution were performed.[59]

Peptides 325 were excited with laser flashes of 140 fs pulse
length at 270 nm and the ensuing absorbance changes were
measured at different wavelengths in the visible part of the
spectrum. For all peptides, the appearance of transient ab-
sorbance was observed within the time resolution of the
instrument (approx. 200 fs, Figure 4). This transient ab-
sorbance was centred at 500 nm for peptides 3 and 4 and
at 620 nm for peptide 5 (see inset of Figure 4), which com-
pares well with typical absorbance spectra of p-tolylthiyl
radicals and p-aminophenylthiyl radicals, respect-
ively,[104,107] showing that fast photodissociation of the di-
sulfide bond has indeed taken place.
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Figure 4. Time dependence of the transient thiyl radical absorbance
(normalised to a maximum value of 1) at 500 nm in peptides 3
(open circles) and 4 (open triangles) and at 620 nm in peptide 5
(solid squares) after disulfide bond photolysis with short laser
flashes at 270 nm. Note the logarithmic timescale for delay times
longer than 2 ps. Solid lines are the best fits of the data after 2 ps
to a stretched exponential function A(t) 5 A0 exp[2(k0t)α], yielding
values for the exponent α of 0.1 6 0.01 for all peptides. Inset: Tran-
sient spectra of aminophenylthiyl radicals at a delay time of 1 ps
after photolysis of peptide 5 in water (solid squares) and a model
compound, bis(p-aminophenyl) disulfide, in ethanol (open
squares). Peptide concentration approximately 1 m in H2O at 31
°C, time resolution of spectrometer 200 fs. For further experimental
details, see ref.[59]

The radicals generated in different peptides show consid-
erable differences in their decay kinetics (Figure 4). For all
peptides, a rapid initial decay of the radical absorbance is
observed within the first picosecond after generation. For
peptides 3 and 4, which use thiotyrosine 1 as the cross-
linker, this rapid decay continues until there are hardly any
radicals left after 1 ns. For peptide 5, with aminothiotyros-
ine 2 as the cross-linker, on the other hand, the overall re-
combination of thiyl radicals proceeds much more slowly
after 1 ps (note the logarithmic timescale of Figure 4) and
radical absorbance can still be detected on the microse-
cond timescale.

At the low peptide concentrations used in these measure-
ments, the observed fast radical decay has to be attributed
to geminate recombination of the radical pairs created at
the ends of the peptide; that is, (re-)formation of the ori-
ginal disulfide bond. The different recombination behaviour
found for thiotyrosine- and aminothiotyrosine-cross-linked
peptides is consistent with work on model compounds. Sig-
nificant geminate recombination of phenylthiyl radical
pairs occurs on the picosecond timescale after photolysis of
diphenyl disulfide,[102,104] while no geminate recombination
was found for aminophenylthiyl radical pairs created by
photolysis of bis(p-aminophenyl) disulfide in polar solv-
ents.[104] In fact, these results on aminophenylthiyl radicals
stimulated the design of the cross-linking amino acid 2 and
peptide 5, after initial experiments showed fast disulfide
bond (re-)formation in peptides 3 and 4. The inefficient re-
combination of aminophenylthiyl radicals in polar solvents
was attributed to internal charge transfer between the am-
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ino group and the sulfur atom on the picosecond times-
cale.[104] The fact that radical recombination initially pro-
ceeds rapidly in all peptides, but slows down after 1 ps for
peptide 5, indicates that such fast internal charge separation
also occurs in the aminophenylthiyl groups of the peptide,
stabilising the radicals and considerably slowing down di-
sulfide bond (re-)formation.

In summary, fast disulfide bond photolysis was achieved
in all peptides 325. In 3 and 4, almost all radical pairs
recombine within 1 ns, thus reconstituting the link between
the peptide ends and once more fixing the peptides in their
original cyclic conformation. This is too fast to permit ob-
servation of any significant α-helix formation, as is shown
below. In peptide 5, on the other hand, a significant propor-
tion of the radicals, and thus of unconstrained peptides
with open ends, remain even at delay times of 10 ns and
longer after photodissociation, which should be enough to
permit observation of helix formation dynamics.

Motion of the Peptide Ends

The time dependence of the anisotropy of a transient ab-
sorbance signal (that is, the difference between the signals
measured with parallel and perpendicular polarisation of
pump and probe light[108]) provides information about the
rotational motion of a chromophore.[109] Here, the aniso-
tropy of the thiyl radical absorbance for peptide 5 was ob-
served, allowing conclusions to be drawn regarding the mo-
tion of the modified tyrosines at the peptide ends. The rad-
ical anisotropy decays on the 100-ps timescale (Figure 5). A
biexponential fit yielded time constants of 60 ps (relative
amplitude 30%) and 600 ps (70%) at 31 °C, and similar re-
sults were found at 12 °C.

Figure 5. Anisotropy decay of the aminophenylthiyl radical ab-
sorbance at 620 nm for peptide 5 at 12 °C (open squares) and 31
°C (solid squares). Solid lines are the best fits of the data to a
biexponential decay, as described in the text. Peptide concentration
approximately 1 m in H2O, time resolution of spectrometer 200
fs. For further experimental details, see ref.[59]

The overall rotational dynamics of a molecule can be the-
oretically predicted from the Perrin model for rotational
diffusion.[110] Rotational diffusion times were estimated for
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a representative set of calculated peptide structures,[88] and
showed that the shape of the constrained peptides can be
approximated by ellipsoids with axis lengths in the range of
9220 Å. Rotational time constants in water for such ellips-
oids are expected to be in the range of 4002650 ps, which
compares well with the experimentally observed time con-
stant of 600 ps. This suggests that the slower component of
the anisotropy decay originates from the rotational motion
of the whole peptide.

The faster component, on the other hand, must be attrib-
uted to the motion of a smaller part of the peptide relative
to the bulk, most probably a librational motion of the tyro-
sine ring with respect to the peptide backbone. Analogous
biphasic tryptophan fluorescence anisotropy decays have
previously been observed for small peptides and proteins,
with time constants for the faster decay components ran-
ging from 90 to several hundred ps.[111] In these studies,
equilibrium motions were observed and the faster compon-
ent was assigned to the orientational diffusion of the tryp-
tophan indole ring in its protein pocket. Slightly faster dif-
fusion is expected for the smaller tyrosine, supporting the
assignment of the 60 ps anisotropy decay component ob-
served here to orientational diffusion of the tyrosines relat-
ive to the whole peptide.

Since it is improbable that large-scale peptide backbone
motions can occur without reorientation of the peptide
ends, it can be concluded that no significant peptide back-
bone motions occur on a timescale of less than a few hun-
dred picoseconds. Thus, the process of formation or elonga-
tion of the α-helix must proceed on a longer timescale.

α-Helix Formation Dynamics

Time-resolved IR spectroscopy was used for the direct
observation of the secondary structural dynamics of peptide
5 after disulfide bond photolysis. Figure 3 shows temper-
ature-dependent equilibrium FTIR spectra of peptide 5.
Two maxima are observed: one at 1672 cm21, assigned to
the trifluoroacetate counterion (TFA), and one which shifts
from 1640 cm21 at low temperatures to 1648 cm21 at 62 °C
and is assigned to the amide I9 band of the peptide. The
difference spectra in Figure 3B confirm that this thermally
induced ‘‘shift’’ is in fact due to the transition from a spe-
cies absorbing at 1633 cm21, attributable to α-helical seg-
ments, to a species absorbing at 1658 cm21, assigned to the
unfolded random coil configuration, in agreement with pre-
vious results on short α-helical peptides in D2O.[52,53] The
unconstrained, linear analogue of peptide 5 (that is, the
peptide before thiol deprotection and oxidation) has similar
IR spectra (data not shown), but with approximately double
the helical contribution of the cyclic peptide at the same
temperature, in agreement with CD results.[88] After
photolysis of the disulfide bond, the partial α-helix of the
constrained peptide is expected to grow to the length found
in the unconstrained peptide, resulting in a corresponding
shift of the amide I9 band, which can be followed by time-
resolved IR measurements. Even the fastest steps of this α-
helix formation/elongation process on the ps and ns times-
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cales should now be observable, since the bond-breaking
takes place on the sub-picosecond timescale.

Such time-resolved IR measurements were performed by
photolysis of the disulfide bond of peptide 5 with a laser
flash of 140 fs pulse length at 270 nm and probing of the
IR absorbance changes with laser pulses of around 6 µm
generated by optical parametric amplification. The setup
was characterised by a spectral resolution of 15 cm21 and
a temporal resolution of better than 1 ps.[59] Figure 6 shows
the 2-ns difference spectrum 2 that is, the spectral changes
(with respect to the equilibrium spectrum) observed 2 ns
after disulfide bond splitting 2 of peptide 5 in D2O at 10
°C. Also shown is the shape of accompanying spectral
changes arising from the unavoidable slight heating of D2O
by the photolysis laser pulse. The resulting infrared differ-
ence spectrum of peptide 5 itself (solid squares) corresponds
to a bleaching or broadening of the amide I9 band at
1640 cm21.[112] This peptide signal appears within 100 ps
after disulfide bond photolysis and decays in parallel with
the disappearance of the thiyl radical population (data not
shown).

Figure 6. Difference spectrum of peptide 5 in D2O at 10 °C in the
amide I9 region at a delay time of 2 ns after disulfide bond
photolysis. Shown are the raw data (open squares), the estimated
contribution of D2O heating (dashed line) and the actual peptide
signal (raw data corrected for D2O heating signal, solid squares).
Peptide concentration approximately 10 m, path length 56 µm, for
further experimental details, see text and ref.[59]

The amide I9 band shift expected upon α-helix extension
is characterised by a difference spectrum identical to those
shown in Figure 3B; that is, a positive band at 1633 cm21

(growth of α-helix) and a negative band at 1658 cm21 (dis-
appearance of random coil). Under the experimental condi-
tions employed, an absorbance increase of approximately
0.15 3 1023 at 1633 cm21 is expected for the transition to
the full α-helix of the unconstrained peptide. In contrast
to this expectation, an absorbance decrease of that size is
observed at 1630 cm21 and the spectral feature does not
correspond to that of a shift. Furthermore, the signal ap-
pears within 100 ps after disulfide bond photolysis, and
thus on a timescale over which significant peptide backbone
motions can be ruled out from the radical anisotropy meas-
urements. These results indicate that formation or growth
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of the α-helix is not the cause of the observed transient IR
signals at 2 ns and that significant helix extension does not
occur within 2 ns. In a detailed analysis, it was shown that
the observed signal most probably arises from the amide
vibrational Stark effect; that is, a shift of the amide I vibra-
tional frequency in the electric field created by the stabilis-
ing internal charge separation in the aminothiyl radicals.[59]

It can be concluded that, in peptide 5 at a delay time of
2 ns after disulfide bond splitting, helix propagation to-
wards the extended α-helix of the linear peptide has not
yet taken place to any significant extent. Unfortunately, IR
measurements at longer delay times were not possible at the
time for technical reasons.

Peptide Control of Radical Recombination Dynamics

Photodissociation of the disulfide bond of peptide 5 gen-
erates an aminophenylthiyl radical at each peptide end.
These radicals recombine geminately on the picosecond to
microsecond timescale (Figure 4), thus (re-)forming the ori-
ginal disulfide bond. This behaviour is different to that of
analogous aminophenylthiyl radicals generated by
photolysis of bis(p-aminophenyl) disulfide, which do not
undergo geminate recombination, but escape from the solv-
ent cage and undergo nongeminate, diffusion-controlled re-
combination on the millisecond timescale.[104] Unlike these
free radicals, radicals created at the ends of a peptide are
tethered together and cannot escape from each other. Also,
the radicals’ relative motion within the boundaries imposed
by the peptide tether is not described by free molecular dif-
fusion, but is controlled by the motion of the peptide back-
bone to which they are bound. Radical recombination can
occur only when the two radicals come into close contact.
Thus, radical recombination is governed by the dynamics
of peptide end contact formation and a detailed study of
the thiyl radical population decay would be expected to
yield novel information on internal peptide dynamics.

Radical recombination in peptides 3, 4 and 5 proceeds
with strongly nonexponential kinetics, extending over seven
orders of magnitude of time for peptide 5. The transient
radical absorbance, A(t), which is a direct measure of the
radical population, can be fitted to a stretched exponential
A(t) 5 A0 exp[2(k0t)α][113] (see Figure 4). A value of 0.1 6
0.01 for the exponent α was found for all peptides, implying
that the same underlying process is responsible in each case
for the kinetics of thiyl radical recombination, despite the
significantly faster decay kinetics of peptides 3 and 4, in
comparison with those of peptide 5.

The transient thiyl radical absorbance, A(t), can also be
used to calculate the instantaneous first-order rate constant
for geminate radical recombination, krec(t) 5 2[dA(t)/dt]/
A(t), which describes the probability of recombination at a
particular time t. Figure 7 shows the time dependence of
this instantaneous rate constant. For delay times above 2
ps, the logarithm of krec depends linearly on the logarithm
of delay time, with a slope of approximately 21 for all three
peptides. Thus, the probability of recombination follows a
power law in time: krec(t) ~ t21. This universal power law
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behaviour with an exponent of 21, observed over seven or-
ders of magnitude of time, and for recombination processes
occurring with average radical lifetimes differing by a factor
of 1000 (peptides 3 and 4 vs. peptide 5), is highly un-
usual.[114] It indicates that the probability of encounters be-
tween the radicals (that is, of contact formation between
the peptide ends) decreases in inverse proportion to time,
even on the microsecond timescale. This is in contrast to
the expectation from free three-dimensional diffusion,
which predicts that the probability of collisions should de-
crease as t21.5 until diffusion over the length scale of the
peptide has occurred; that is, equilibrium between all pos-
sible peptide conformations has been reached, which is ex-
pected to occur on the 102100 ns timescales.[78] At this
point the contact formation probability, and thus the re-
combination rate constant, should assume a constant value.
Other explanations for the wide range of t21 behaviour have
to be sought. Clearly, this unexpected behaviour can only
be understood as a consequence of internal peptide dy-
namics.

Figure 7. Time dependence of the instantaneous rate constant for
radical recombination, krec(t) 5 2[dA(t)/dt]/A(t), observed in pep-
tides 3 (open circles), 4 (open triangles) and 5 (solid squares). The
solid line is a linear fit of the logarithm of krec vs. the logarithm of
time for peptide 5, yielding a slope of 20.93 6 0.02. For peptides
3 and 4, similar slopes are obtained from the fit, albeit with a larger
uncertainty due to the larger noise of the data and the limited range
of delay times over which a significant radical population is ob-
served.

Qualitatively, the decrease in the observed peptide end
contact formation probability can be understood in terms
of a series of conformational changes that, as time pro-
gresses, increase the mean peptide end-to-end distance or
affect the timescale of peptide motion. After cleavage of the
disulfide bond, the thiyl radicals are initially very close, and
can recombine rapidly. As time progresses, the fraction of
less reactive conformations with longer inter-radical dis-
tances increases and the peptide becomes less flexible be-
cause of α-helix formation. A number of different con-
formational processes 2 each operating on different time-
scales 2 are known to exist for peptides. Side-chain reori-
entation associated with changes in the χ1 and χ2 angles of
the tyrosine residues should be expected to contribute on
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the picosecond timescale. It is likely that the faster correla-
tion time associated with the radical absorbance anisotropy
decay reflects such side chain reorientations. Diffusion of
larger peptide end segments, which are initially in close con-
tact, will set in on the nanosecond timescale.[78] Main-chain
conformational changes associated with helix formation, in
particular the growth of pre-existing α-helices, occur on the
10 to 100 ns timescale.[48,52] In addition, short peptides are
characterised by fluctuating structures, and so a significant
part of the peptide ensemble may not have a preinitiated
helix at the time of photolysis. Helix formation in these
chains only occurs on a longer timescale, probably in the
microsecond range,[48] since helix nucleation is significantly
slower than helix propagation. Although helix formation
may reduce the average end-to-end distance, it will result
in less flexible peptide structures and further decrease the
probability of contact formation between the peptide ends.
Thus, conformational processes occur at time ranges from
picoseconds to microseconds, affecting the peptide end con-
tact formation probability and being reflected in the thiyl
radical population dynamics. A more quantitative under-
standing of how these divergent processes contribute to the
time dependence of the encounter probability of peptide
ends, with the observed uniform t21 power law over at least
seven orders of magnitude of time, remains a theoretical
challenge.[115]

Conclusions

For a better and more detailed understanding of the prin-
ciple mechanisms behind peptide and protein folding, it is
necessary to investigate the first steps on the route from the
unfolded polypeptide to the folded functional protein. To
do this, new experimental approaches 2 in particular,
methods to initiate the folding reaction on short timescales
which overcome the limitations and shortcomings of previ-
ous methods 2 are required. As discussed here, photodisso-
ciation of an aryl disulfide bond constitutes such a fast trig-
ger event. The method is based on the incorporation of
cross-linking-modified tyrosines into a peptide or protein at
two (or more) positions and oxidation to form an aryl disul-
fide bond. This cross-link can be photodissociated by a
short UV laser flash in less than 1 ps, thus releasing the
structural constraint holding the peptide in a nonnative
configuration and triggering 2 on an ultrashort timescale
2 its relaxation to the native structure. Alternatively, aryl
disulfide bonds could be used to stabilise the native struc-
ture under denaturing conditions, in analogy to the func-
tion of native disulfide bond cross-links, so that the same
trigger mechanism could also be used for the initiation of
an unfolding reaction. In both cases, the trigger mechanism
operates without any additional requirements, such as the
presence of protein cofactors or particular solvent condi-
tions. Even in a larger protein, only a minor distortion of
the folded native protein structure adopted after disulfide
bond dissociation is to be expected, if the modified tyrosine
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is replacing an aromatic amino acid. Thus, the novel optical
trigger will be useful for the investigation of a wide range
of different protein structures.

The initial study, using thiotyrosine 1 to constrain α-hel-
ical peptides to less ordered structures, yielded the unfore-
seen result that the peptide backbone moves so slowly that
the radicals are kept in close proximity, enabling efficient
recombination of the disulfide bond in less than 1 ns. On
the basis of results from model disulfides, aminothiotyros-
ine 2 was designed as a cross-linking group for which a sig-
nificant reduction of the inherent recombination was to be
expected and indeed was observed. This comprises the first
optical trigger that permits the observation of protein or
peptide folding dynamics on timescales ranging from pico-
seconds to microseconds. This trigger satisfies all of the cri-
teria mentioned above for a good trigger mechanism: (i) the
trigger event is fast, here faster than 1 ps; (ii) the cross-
linker is easily prepared in high yield and can be incorpor-
ated into polypeptides by routine solid phase methods;[117]

(iii) triggering can be achieved under completely native
physiological conditions, although it is not restricted to
those conditions and may also be used to examine the ef-
fects of nonnative conditions on folding dynamics; and (iv)
disulfide bond photolysis is reversible, thus allowing for
multiple excitation and extensive data averaging.[118]

In a first application of the new trigger mechanism, amin-
othiotyrosine 2 was used to link the ends of an α-helical
peptide, constraining it in a less helical conformation. A
UV laser flash was used to trigger the transition to the nat-
ive, more helical conformation. Time-resolved absorbance
measurements showed that no major peptide backbone mo-
tions take place before 500 ps and that the overall α-helix
elongation process in short peptides takes longer than a few
nanoseconds. This is consistent with recent results obtained
more indirectly from the unfolding dynamics of short helical
peptides after a temperature jump.[48,52] Recombination of
thiyl radicals at the peptide ends proceeds with an unusual
power law dependence of the recombination rate constant
over seven orders of magnitude of time, which is clearly
governed by the internal peptide dynamics.

Outlook

Photodissociation of aryl disulfide cross-links based on
aminothiotyrosine 2 provides a method well suited for initi-
ating peptide and protein (un)folding on short timescales
and thus for the investigation of the first, ultrafast steps of
this process. One feature of this trigger mechanism that
could be further optimised is the rate of thiyl radical re-
combination, which results in the (re-)formation of the
cross-link and occurs mainly on the nanosecond timescale,
thus hindering the observation of processes that are signific-
antly slower.[119] Slower recombination could be achieved
by the use of triplet-sensitised photodissociation, which has
been observed for model aryl disulfides.[120] Fast triplet-sen-
sitised bond dissociation may be possible by attachment of
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a triplet sensitiser chromophore directly to (amino)thiotyro-
sine[121] or to the peptide in the immediate vicinity of the
disulfide bond. Excitation of the sensitiser, followed by fast
intrasystem crossing and triplet energy transfer to the disul-
fide moiety, would then result in a triplet-phased thiyl rad-
ical pair. The recombination of this radical pair to the sing-
let ground state would be hindered by the need to overcome
the spin barrier. Although triplet sensitisation may result in
somewhat slower photodissociation than that achievable by
direct excitation of the aryl disulfide, it can be designed to
occur on the sub-nanosecond timescale,[121] which makes
it fast enough for the investigation of secondary structure
formation on the 10 ns to 10 µs timescale. For the successful
implementation of triplet-sensitised photodissociation, it
will be necessary to modify aminothiotyrosine 2 further, or
to develop a synthetic amino acid containing a triplet-sen-
sitising group, which could then be positioned in the imme-
diate vicinity of the disulfide bond.

Although photolysis of aryl disulfide cross-links as a fast
trigger for peptide and protein folding gives access to a wide
range of applications, particularly if thiyl radical recomb-
ination could be slowed down, there are also other synthetic
approaches that may provide fast trigger function. One
mechanism, based on the incorporation of an intramolecu-
lar azobenzene cross-linker, has been suggested recently.
Photoisomerisation of azobenzene was shown to result in
significant changes in the helicity of specifically designed
short α-helical peptides,[122] but can also be used to induce
transitions between turn and less ordered or extended con-
formations.[123,124] Azobenzene photoisomerisation, which
is very fast and fully reversible,[125] in principle provides a
trigger mechanism fulfilling the above criteria. One draw-
back of this approach is the fact that the azobenzene cross-
linker remains fully intact, resulting in a nonnative con-
straint even after the trigger event. Therefore, the ensuing
folding process is not that of a constraint-free peptide, as in
the approach discussed above. No time-resolved investi-
gations on azobenzene cross-linked peptides have yet been
reported. In a similar approach, which uses a photoiso-
merisable side chain in a linear peptide rather than cross-
linked peptides, the isomerisation of p-phenylazo--phenyl-
alanine has been shown to result in a transition from β-
sheet to α-helix structure,[126] showing potential for use as
a fast trigger of conformational changes.

The application of a novel trigger mechanism will often
be particularly simple for short peptides. It is possible to
design synthetic amino acids so that they can easily be in-
corporated into a peptide during stepwise solid-phase pep-
tide synthesis. Folding studies on short peptides avoid the
heterogeneous mixture of structural elements found in
larger proteins and are ideally suited for the acquisition of
clear information relating to the intrinsic dynamics of par-
ticular secondary structural motifs. Synthetic peptides offer
the further advantage of an easily altered primary sequence,
which will allow the detailed investigation of internal fac-
tors governing folding dynamics and mechanism, such as
side chain2side chain or side chain2backbone interactions.
Such detailed results are necessary for the unambiguous in-
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terpretation of the observed folding dynamics of naturally
occurring proteins, which, because of their complexity, will
remain difficult to analyse without more detailed know-
ledge of the folding dynamics of their components.

The few ground-breaking studies investigating fast fold-
ing dynamics of short peptides performed so far have all
made use of the temperature-jump method,[47,48,52] in which
a temperature jump induces a shift of the peptide structural
equilibrium from folded to more unfolded conformations.
For certain applications, it would be advantageous to com-
bine such results on unfolding dynamics with results on
folding dynamics, obtained with new optical triggers. Al-
though both sets of results in principle contain the same
information on details of the folding/unfolding dynamics,
in practice the two methods often yield complementary in-
formation, as some aspects of the dynamics are more easily
observed during the folding reaction, whereas others are
more pronounced in the unfolding reaction. Under most
experimental conditions, for example, the dynamics associ-
ated with α-helix nucleation do not strongly contribute to
the relaxation of an α-helical peptide after a temperature
jump, whereas they are expected to dominate the folding
from the completely unfolded peptide.[100] Thus, the parallel
use of both methods for the same peptide would allow for
more comprehensive analysis of the folding process. This
could be achieved, for example, by the parallel investigation
of the folding dynamics of peptide 5 after disulfide bond
photolysis and the unfolding dynamics of the linear ana-
logue of peptide 5 (containing the modified tyrosines in
their protected form) after a temperature jump.

In conclusion, it is to be expected that application of the
aryl disulfide bond photodissociation trigger, and similar
trigger mechanisms, based on photochemical processes in
modified amino acids still to be developed, will consider-
ably enhance our understanding of fast protein-folding dy-
namics. Such trigger mechanisms would initially be used for
direct observation of the formation dynamics of specific
secondary structural elements in small de novo peptides. In
the long term, however, they should also find application
for the investigation of larger proteins. As yet, the search
for useful new trigger mechanisms is only at its beginning.
The challenge of finding such trigger mechanisms can only
be tackled by intensive interdisciplinary collaboration be-
tween organic chemists, biophysicists and biologists. In this
collaboration, the organic chemists will provide suitable
modifications of amino acids and thus of peptides or pro-
teins, which the biophysicists will investigate with their fast
(usually laser-based) methods, giving feedback for further
improvement, while the biologists, who posed the original
protein folding problem, will provide the wider context for
interpreting the results.
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